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Abstract: The process of preclinical drug discovery consists of two steps: finding of initial
hits (binding ligands to a medicinal relevant target, usually a protein) and lead optimization.
Nuclear magnetic resonance spectroscopy is a powerful tool that can provide valuable infor-
mation to every step of drug development. NMR is commonly used for characterizing the
structure and molecular dynamics of target or ligand molecules. During the structure-based
lead optimization, NMR provides insight into the structural and dynamical properties of the
target-ligand complex. Recently, the use of NMR in the lead finding process by screening
technologies has been shown. For the latter use, new techniques have also been developed.
Those techniques, in combination with high throughput, have lead to an efficient screening
of libraries composed of small molecules. In this article, the role of NMR during the discov-
ery of a drug candidate is described.

INTRODUCTION

Over the past years, NMR has been mainly used for the characterization of ligand molecules, regarding
their three-dimensional structure and molecular dynamics. Subsequently, those studies have been
extended to target molecules. More recently, ligand-receptor complexes have been studied and used for
rational improvement of ligands. New applications cover the field of lead finding. Libraries of small
compounds, often obtained by combinatorial chemistry, are screened for potential binding to a target
molecule.

The general approach for hit finding and ligand optimization can be briefly summarized as fol-
lows (see Fig. 1): The target protein of interest is overexpressed and isotope-labeled in bacteria.
Subsequently, the three-dimensional structure (and often its molecular dynamics as well) is determined
via NMR spectroscopy. The next step is the identification of lead compounds in an NMR screening,
preferably in a high-throughput manner. Several experiments have been developed for this purpose, for
example, saturation transfer difference spectroscopy (STD) [1–3], (reverse) NOE pumping [4–5], and
transferred NOE [6–8], which can be used without isotope-labeled protein. During the lead evolution,
the analysis of interactions between the initial hit and the protein leads to an optimized lead structure.
This article describes the contribution of NMR to lead finding and lead optimization. For a description
of specific NMR experiments and assignment strategies, the reader is referred to the literature.
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CHARACTERIZATION OF THE TARGET MOLECULE

Most of the target molecules are proteins with a molecular weight above 10 kDa. Isotope labeling with
15N or 13C (and 2H) is normally required. For this purpose, an overexpression system with high cell
density and high expression rates of the desired protein is essential. The most common systems for sta-
ble isotope labeling are bacteria like E. coli and B. subtillis, or yeast cells, e.g., P. pastoris.

Several isotope-labeling patterns are used (Fig. 2) [9–12]. For most applications, a global label-
ing with 15N and 13C is sufficient. This labeling enables the NMR spectroscopist to add a third (or
fourth) dimension to a two-dimensional 1H,1H correlation spectrum. As a result, the signal overlap of
the proton spectrum is resolved in the dimension of the heteronucleus, i.e., 15N or 13C attached to the
protons of relevance. If fast relaxation becomes a problem, all nonexchangeable protons can be substi-
tuted by deuterons. This leads to a significant decrease in relaxation rates and sharper signals. For very
large targets, a domain-specific labeling scheme may be helpful where only the corresponding domain
delivers NMR signals. This reduces problems with signal overlap. Spectral assignment can also be facil-
itated with an amino acid-specific labeling strategy or by amino acid-specific pulse sequences [13–14].

After assigning all resonances as far as possible, the secondary structure elements (such as 
α-helices or β-strands) are determined via scalar couplings, chemical shift indices, and sequential NOE
connectivities. Subsequently, the three-dimensional structure is derived from NOE connectivities
between secondary structure elements, which represent short-range information [15]. However, addi-
tional long-range restraints can be derived from residual dipolar couplings [16].

The aggregation state of the protein may be of relevance for the activity and is related to the three-
dimensional structure. For example, the active form of Riboflavin synthase (RiSy), a target for antibac-
terial drugs, is a trimer [17]. Each monomer consists of two domains with high sequence homology.
Hence, RiSy looks like a hexameric protein. When the aggregation state is known from other informa-
tion, the quaternary structure can be modeled from the NMR structure of the monomeric domain. In
case of RiSy, the structure of the N-terminal domain is a dimer, which has been solved by NMR as a
complex with two bound ligands (riboflavin; see below and Fig. 3).

All the structural information mentioned above can be established by X-ray crystallography as
well if crystals are available. But there is another unique piece of information about a macromolecule
that cannot be studied by X-ray crystallography: the dynamical properties. NMR is well suited for
studying molecular dynamics [18]. Mobility can be probed by NMR relaxation experiments on differ-
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Fig. 1 General approach of an NMR-guided lead finding.



ent time scales ranging from fast motions in the ns-region to slow motions in the ms-range. Molecular
motion in the binding site is of outstanding importance for the kinetics of protein ligand complex for-
mation and dissociation. It has been shown that slow motions (millisecond to microsecond range) are
of greater importance for ligand binding than fast motions [19–20]. Furthermore, the mobility of the
binding site determines the structural range of ligands that can be bound. Upon ligand binding, local
dynamics of the protein are perturbed (see below). The solvent accessibility can be used to map solvent
exposed residues of a protein. Regions with poor solvent accessibility are often buried in a hydropho-
bic core and are, therefore, less accessible for ligands. Solvent accessibility can be probed either with
paramagnetic relaxation [21–22] or exchange rates of amide protons [23–24].
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Fig. 2 Illustration of different isotope labeling strategies: a) global labeling of the whole protein (15N, 13C, 2H);
b) domain-specific labeling to reduce the number of signals in NMR spectra (this approach is useful for large
targets); c) spectral assignment is facilitated with amino-acid specific labeling; d) position-specific labeling 
(all nonexchangeable protons are substituted by deuterons) helps to reduce detrimental relaxation effects.

Fig. 3 The NMR-structure of the N-terminal riboflavin synthase (RiSy) homodimer. Two riboflavin ligands are
shown as ball-and-stick models. 



NMR SCREENING

Once the drug target is characterized, initial hits have to be found. Several NMR techniques are appli-
cable for this purpose; some of them can be performed in a high-throughput manner. For a detailed dis-
cussion of the techniques, the reader is referred elsewhere [25–28]. In this paragraph, only the basis of
NMR screening is described.

The effects resulting from the binding of a ligand to a protein can be divided into two classes:
global and local effects. The former are size-dependent and therefore are suited to the observation on
the ligand, while the latter are restricted to the binding region and can be monitored on both the target
and the ligand (see Fig. 4).

Upon binding to a macromolecule, the apparent molecular weight and hydrodynamic radius of a
small ligand change dramatically by several orders of magnitude. Those changes can be detected with
several different NMR experiments. Relaxation filtering and diffusion editing reveal binding, but can-
not provide any structural information [29]. In contrast, NOE-based methods (NOE pumping, reverse
NOE pumping) or STD not only prove interactions, in addition they can be used to characterize the
binding epitope of the ligand [2]. Ligand-based methods do not require labeled protein, since ligand sig-
nals are observed. Another advantage is the required amount of protein, which is only a fraction com-
pared to that of protein-detected methods. Some methods use spin-labeling techniques for second site
screening or covalent modification of the target with a spin label near the active site, which leads to
another dramatic decrease in the amount of protein needed [30–31]. For searching initial hits, ligand-
based methods can be performed in a high-throughput manner. In medicinal chemistry, possible drug
candidates are often stored in libraries. With ligand-based techniques, those libraries can be directly
screened as single compounds or in mixtures of about 5 to 10 compounds. Binding ligands are directly
identified via their NMR spectra [32–35]. Time-consuming deconvolution steps of the mixtures are not
necessary.

However, those methods also have disadvantages: In contrast to heteronuclear single quantum
correlation (HSQC)-based methods (see below), observation of the ligand signals cannot distinguish
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Fig. 4 The effects that arise from binding of a ligand to a target protein are illustrated. The upper part shows the
global effects that are advantageously monitored on the ligand. Local effects (lower part) can be detected on both
the ligand and the target.



between specific and unspecific binding. Another drawback of the techniques discussed above is the
fact that they are based on the detection of the dissociated free form of the ligand. This fact implies a
minimal dissociation constant (Kd) of ca. 10–7 M. In addition, a sufficiently large difference between
the molecular weight of the small compounds and the target molecule is required, which is usually no
problem in practice. The size of the protein is of no interest; the target may even be immobilized or
bound in lipid vesicles [2,36].

In target-based experiments, the molecular weight of the protein is restricted to an upper limit of
approximately 40 kDa (in case of oligomer proteins, larger molecular sizes are accessible). For larger
macromolecules, relaxation rates are too fast and spectra suffer from poor resolution. Those effects can
be partly overcome by special techniques, but those suffer from intensity losses and therefore require
either a larger amount of protein or longer measuring time [37–39]. In contrast to ligand-based experi-
ments, observation of the target molecule is not restricted to an affinity limit. Target-based methods usu-
ally rely on the acquisition of 1H,13C or 1H,15N HSQC spectra. HSQC-based methods allow a differ-
entiation between specific and unspecific binding. If the spectral assignment of the protein is known,
ligand-induced changes in chemical shifts of target resonances can be mapped on the target structure
[40]. With this information, more detailed information about the binding site is provided. An alterna-
tive approach relies on the perturbation of local dynamics of the protein upon ligand binding. A com-
parison of the dynamics of the uncomplexed protein with the protein dynamics in presence of a ligand
reveals an intermolecular interaction. Additionally, exchange rates of amide protons in a complexed
protein can be measured and compared to those of the uncomplexed target molecule.

Ligands to be screened may be either acidic or basic. Upon addition of these substances to the
protein sample, pH changes in the sample may occur that cannot be compensated for by the buffer. In
this case, pH-sensitive protein resonances have to be known to avoid false positive hits. Such pH effects
are in general of no relevance for ligand-based screenings.

LEAD EVOLUTION BY NMR

Usually, the first step of the lead evolution is the determination of the ligand structure in the protein lig-
and complex. In the early stages of lead evolution, ligands usually bind weakly to the target molecule.
In this case, rapid exchange between the free and the bound form of the ligand occurs. For fast exchang-
ing systems, the conformation in the bound ligand state can be determined via transferred NOE exper-
iments [6–8]. For some applications, for example, distinguishing between syn and anti conformation of
glycosidic bonds in nucleotides, a qualitative analysis of transferred NOE experiments is sufficient. For
a complete description of the ligand conformation in the bound state, a more quantitative analysis is
necessary. In this case, it has to be established that the observed NOE intensities are free from exchange
contributions (i.e., the condition of fast exchange is fulfilled) or indirect magnetization transfer involv-
ing several protons (“spin diffusion”). The technique described permits the bound ligand conformation
to be determined even if the protein is not amenable to NMR. If the ligand binds tightly to the target
(i.e., slow exchange), isotope labeling is required for the differentiation between ligand and protein res-
onances. Ligand signals are separated from protein signals with dedicated “editing” experiments.
“Editing” experiments also provide a powerful tool for the structure determination of a protein ligand
complex. For this purpose, a complete spectral assignment of the protein is required and readily avail-
able for proteins up to 40 kDa.

In the study of the N-terminal domain of RiSy, a 15N,13C-labeled N-terminus of RiSy and a non-
labeled ligand (Riboflavin) were examined in an isotope-filtered, 13C-edited NOESY experiment [9].
This experiment connects carbon atoms of the protein with protons of the ligand via the following
scheme: After frequency labeling of the carbon nuclei, magnetization from protons directly attached to
the carbons (not observed) is transferred to protons of the binding ligand. The effect of magnetization
transfer through the space is called “nuclear Overhauser effect” (NOE). Figure 5 shows a scheme of
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riboflavin bound to the N-terminal domain of RiSy. Experimental NOE contacts obtained from such an
isotope-filtered experiment and calculated H-bonds are indicated.

When the structure of the protein-ligand complex is known, the intermolecular interactions can
be analyzed by using computational chemistry. Molecular modeling of binding pockets or H-bond
donors/acceptors in the interaction region provides further insight in the interactions; virtual docking of
a ligand into the binding pocket suggests structural modifications of the lead. It is evident that this pro-
cedure fails in cases of induced fits with larger conformational changes in the target, the ligand, or both.

If two binding sites on a target molecule in spatial proximity are occupied by two different lig-
ands, the normally weakly binding ligands can be linked together to optimize for highest binding affin-
ity (SAR by NMR) [40].

RECENT DEVELOPMENTS IN THE FIELD OF NMR

In the past few years, much progress was made for improving NMR as a powerful tool for industrial
drug research. For the determination of the three-dimensional structure of a target protein, the spectral
assignment has to be as complete as possible. Since manual assignment of all peaks is very time-con-
suming, software packages have been developed to facilitate this task [41–42]. The introduction of cryo-
genic probe heads offers two different options. The required amount of substances can be lowered while
keeping the experimental time the same. Alternatively, the experimental time can be shortened by a fac-
tor of about 8, which leads to a significant increase in throughput. For the data acquisition, hardware
setups have been developed that allow a “just-in-time” preparation of the samples including the trans-
fer to the magnet, locking and shimming. However, the “rate-determining step” is not the acquisition of
the NMR data but its analysis. As far as the evaluation of screening data is concerned, methods have
been described that calculate similarities between spectra and therefore allow for the detection of bind-
ing ligands [43]. In addition to these hard- and software developments, numerous new pulse sequences
have been deduced over the years that improve previous technology in terms of sensitivity, resolution,
selectivity, speed, and efficiency. Several “new” NMR parameters, such as residual dipolar coupling
(RDC) [16], cross-correlated relaxation [44], “unusual” non-Karplus-type coupling constants, or scalar
couplings across hydrogen bonds [45–48] provide more and more information about the interacting
molecules. The next years will show if they can be used in routine work and substitute conventional
structural parameters (NOE, J-couplings) or if they are only applied in special cases where more
detailed information is needed.
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Fig. 5 Binding mode of riboflavin to RiSy. Experimental NOE contacts are shown in dark gray, H-bonds derived
from molecular modeling are light gray.
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